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Abstract: During migration, asymmetrically
polarized cells achieve motion by coordinating
the protrusion and retraction of their leading and
trailing edges, respectively. Although it is well
known that local changes in the dynamics of actin
cytoskeleton remodeling drive these processes,
neither the cytoskeletal rheological properties of
these migrating cells are well quantified nor is it
understand how these rheological properties are
regulated by underlying molecular processes. In
this report, we have used soft lithography to create
morphologically polarized cells in order to examine rheological differences between the front and
rear zone of an NIH 3T3 cell posed for migration.
In addition, we trapped superparamagnetic beads
with optical tweezers and precisely placed them at
specific locations on the immobilized cells. The
beads were then allowed to endocytose overnight
before magnetic tweezers experiments were performed to measure the local rheological properties of the leading and trailing edges. Our results indicate that the leading edge has an approximately 1.9 times higher shear modulus than the
trailing edge and that this increase in shear modulus correlates with a greater density of filamentous actin, as measured by phalloidin-staining observed through quantitative 3D microscopy.
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1 Introduction
Cellular locomotion is a very complex process requiring the concerted coordination of many biochemical pathways. During migration on surfaces
or in tissue matrices, the cell body becomes polarized in the direction of motion, resulting in a
leading protruding edge and a trailing retracting
edge. These changes in cell morphology have
been related to changes in actin dynamics; particularly in the leading and trailing edges where
actin is actively polymerized and depolymerized,
respectively. Recent studies have shown that the
mechanical properties of cells are correlated to
actin networks (1); however, the rheology of polarized migrating cells has never been measured.
In this report, we use soft lithography techniques
in combination with optical tweezers and magnetic tweezers to control the shape of adherent
cells and probe the location-dependent rheological properties of cells primed for migration.
Even though there is a rich literature on actin dynamics as well as on the molecular biology factors
affecting cell polarization and migration (2, 3, 4,
5), there is very little known about the rheology
of migrating cells. In fact, the fundamental question of whether cells become softer or stiffer during migration is subject to considerable debate (5,
6). In addition, the processes by which underlying molecular events give rise to changes in cellular mechanical properties and coordinated motion
are not well understood (5, 7). Furthermore, it is
now accepted that the interplay between mechanics and biochemistry, a process known as mechanotransduction in which the mechanical state of a
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cell can heavily influence or trigger various signal transduction cascade pathways, is crucial for
cellular survival. Therefore, an improved understanding of the rheology of migrating cells has implications for many biomedical problems, such as
the cause of cardiovascular diseases and the development of tissue engineering constructs where
cell migration is required to populate the artifical
tissue (8, 9). Other areas to benefit from a better
understanding of the rheology of cellular migration include a wide variety of fundamental processes ranging from wound healing to blood vessel formation (7).
A variety of methods, such as micropipette aspiration (10), cell poking (11), magnetic twisting
cytometry (12), laser (13) and magnetic tweezers (14), atomic force microscopy (AFM) (1), and
laser tracking microrheology (15), have been employed to probe the rheological properties of cells.
In addition, optical tweezers have also been used
to study membrane tethers (16). These techniques
have made enormous contributions to the field
of cellular rheology; however, the measurements
obtained with these approaches have their own
unique limitations and differences. For example, cell poking and micropipette aspiration only
measure the bulk properties of cells and cannot
measure local rheological differences within cells.
Similarly, particle tracking methodologies (both
passive and active approaches), are not suited
for long experiments because the tracer particle
location is random and may unexpectedly leave
the region of interest. Because cellular rheological measurements often depend on the method
employed, there is a need to develop better approaches to probe cellular mechanical properties.
It is also desirable to have a more controlled assay using micropatterning to generate geometrically identical cells for more consistent rheological measurements (see companion paper, (17)).
In order to better measure the local intracellular
rheological properties for a cell poised for migration, we use cells polarized using microfabrication and a magnetic microrheometer combined
with optical tweezers. Magnetic rheometry is
typically employed to study the rheology of cell
because they are capable of accessing the high
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forces, on the order of nN, needed to deform cellular structures. However, they are not capably
of stably trapping and placing objects at desired
locations. Conversely, optical tweezers provide
precise positioning ability, but they are best suited
to probe the force regimes experienced by single
molecules at the pN level and thus cannot provide the high forces needed to measure the full
range of cellular rheological properties. In our
approach, fibronectin coated superparamagnetic
beads are first trapped and positioned with optical
tweezers at the desired location of immobilized
cells. The beads are then allowed to endocytose
and later pulled upon with magnetic tweezers.
Optical tweezers offer high spatial resolution and,
to the best of our knowledge, is the only reliable
way to precisely place magnetic beads at specific
locations on the cell. Optical trapping of magnetic
beads is challenging due to their strong scattering
and absorption properties (18, 19). This limitation can be overcome by trapping magnetic beads
at low powers, a desired situation because it also
limits damage to biological samples due to thermal and optical effects (20). Magnetic tweezers
is a complementary method that can generate the
sufficiently high forces needed for local rheological measurements without permanently damaging
the cell of interest (21). Because the measured
cellular strain field decays quickly from the location of the bead (22), the combined optical and
magnetic tweezer approach provides a local as opposed to global measure of cellular rheology.
Even though it is widely accepted that the cellular cytoskeleton continuously remodels during
migration, the exact mechanism for cell movement remains elusive. Nevertheless, of the main
cytoskeletal components, actin has been heavily
implicated in playing a decisive role in the generation of motion. It is known that actin polymerization occurs on the leading edge and depolymerization occurs on the trailing edge of a migrating cell.
In addition, a variety of different models such as
Brownian ratchet and motor-based motion have
been proposed to explain how actin-based motion
is generated (23, 24). However, these hypotheses have remained largely untested in living cells
due to the absence of a noninvasive measurement
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technique capable of measuring local rheological
properties. (5, 25). Since much polymerization
occurs at the leading edge, we hypothesize that
it has a higher polymerized actin density (volume
of actin/total cell volume) and therefore a higher
Young’s modulus. We focus our attention on
the actin cytoskeleton because purified networks
of actin polymers exhibit a higher shear modulus than networks containing microtubules or intermediate filaments and actin microfilaments are
believed to be primarily responsible for the stiffness of the cell (26). In addition, AFM results
by Haga, et al, 2000, have shown that elasticity
maps of NIH3T3 fibroblast cells correlate mainly
with the presence of the actin network. While microtubules and intermediate filaments may also be
involved in regulating cytoskeletal rheology, we
hypothesize that their influences are of secondary
effect.
It is possible to study migrating cells in 2D culture
but the motion of the cells can complicate bead
placement and rheological measurements. Further, we have recently shown micropatterning reduces the variances in cellular mechanical property measurements by a factor of ∼4 as compared
to unpatterned cells (companion paper, (17)). We
employ micropatterning to further increase the reliability of our cell mechanics measurements. A
recent study by Jiang, et al (2005), has demonstrated that imposing a morphologically polarized
teardrop form on a cell using microcontact printing is sufficient to direct cell migration (27). We
therefore generate a cell poised for migration by
growing cells on teardrop shaped micropatterned
islands. Because upon electrochemical desorption
cells migrate off the patterns in the direction of
the blunt end of the teardrop (27), beads placed
on the blunt edge were defined as being on the
edge in the direction of migration or the leading
edge while beads on the sharp edge were defined
as being on the trailing edge.
In this report, we first describe the combination
and the performance of an optical trap and a magnetic microrheometer for cell mechanics measurements. We subsequently describe our study of
micropatterned cells posed for migration using
this system. To validate our hypothesis that re-

107

gional variations in the rheological properties of
migrating cells are due to a difference in local
polymerized actin density, a quantification of regional polymerized actin density using confocal
microscopy will be shown.
2 Materials and Methods
2.1 Substrate preparation
Micropatterned substrates were created as previously described (28). Briefly, a 130 Å-thick layer
of gold was deposited on the coverslip bottoms of
Bioptechs culture dishes (Bioptechs, Butler, PA)
using electron-beam vapor deposition. To promote the adhesion of the gold to glass, 30Å of titanium was first evaporated onto the dish. To create
the polydimethylsiloxane (PDMS, Sylgard 184,
Dow Corning, Midland, Michigan) stamp used for
microcontact printing, negative photoresist (SU82015, Microchem, Newton, MA) was spin-coated
for 35 seconds at 1500 rpm onto a 4” silicon
wafer. The photoresist was then baked on a hotplate at 65o C for 1 minute and 95o C for 2 minutes.
The photoresist was exposed to UV light for 12
seconds through a transparency photomask (Output City, Poway, CA) containing teardrop shapes
to create the photoresist master. Following exposure, the wafer was post-baked again at 65o C for 1
minute and 95o C for 2 minutes. The unpolymerized photoresist was washed away with propylene glycol monomethyl ether acetate (PGMEA,
Microchem, Newton, MA) and the wafers were
silanized for 15 minutes to prevent the PDMS
from sticking. PDMS was poured on the bas relief photoresist structure and baked in an oven
for 2 hours at 65o C. The PDMS stamp was then
peeled off and coated with 2 mM hexadecanethiol
(Sigma Aldrich, St. Louis, MO) in ethanol. Excess solvent was removed by evaporation in a
stream of nitrogen, and the stamp was pressed
onto the gold coverslip for 30 seconds. The stamp
was then gently peeled off and the bottom of the
dish covered with 2mM of a polyethyleneglycol
(PEG)-terminated alkanethiol for 30 minutes. Afterwards the dishes were rinsed once with ethanol
and once with phosphate buffered saline (PBS)
solution (Invitrogen Life Technologies, Carlsbad,
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CA).
2.2 Cell culturing and plating
Cells were cultured according to instructions
provided by the American Type Culture Collection (ATCC). NIH 3T3 fibroblasts (ATCC,
Manassas, VA) were grown using high glucose
Dubecco’s Modified Eagle Medium (DMEM)
supplemented with 10% v/v bovine calf serum
(Invitrogen Life Technologies, Carlsbad, CA) and
1% penicillin/streptomycin in 10 cm2 tissue cultures plates in an incubator at 37o C until 70% confluent. Cells were split in a laminar flow hood
where the media was vacuum aspirated off with
a sterile pipette and 2.5 mL of trypsin-EDTA was
added. The cells were placed back into the incubator for 5-7 minutes until they disassociated
from the bottom of the plate. An equivalent
amount of serum-containing media was added to
inactivate the trypsin. The solution of media and
cells was gently mixed using a 5-mL pipette for
several minutes until a homogeneous suspension
of cells was obtained. The desired quantity of
cells was added to a new tissue culture plate for
continued propagation and placed back into the
incubator.
To plate the cells, 0.5 mL of 0.25 μ g/mL of
human plasma fibronectin (Sigma Aldrich, St.
Louis, MO) in PBS was placed in each stamped
dish for one hour at 37o C. The fibronectin
was aspirated out, while the desired number of
cells/mL was simultaneously loaded. Approximately 30,000 cells were added per dish.
2.3 Actin staining
For imaging, cells were fixed with 3.7%
formaldehyde (Z-fix, Anatech LTD, Battlecreek,
MI) and their F-actin stained with Alexa Fluor
488-conjugated phalloidin (Molecular Probes,
Eugene, Oregon) according to protocol provided
by Molecular Probes. The media was first aspirated and the cells were washed twice with PBS.
Z-fix was added for 10 minutes and then removed
by aspiration. The Bioptechs dishes were washed
again twice with PBS and a solution of 0.1% Triton X-100 was added for a total of 5 minutes to
allow for entry of the dye. Triton X-100 was
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removed and the bioptechs dishes were washed
twice with PBS. The dishes were soaked then in
a 1% bovine serum albumin (BSA) solution for
30 minutes to reduce non-specific binding. The
staining solution consisting of 200 μ L of PBS and
15 μ L of methanolic dye solution was then added
to each dish for 20 minutes after which the dishes
were washed again twice with PBS, once with distilled water, and gently blown dried with nitrogen.
2.4 Magnetic bead preparation
Paramagnetic polystyrene beads (4.5 μ m diameter, Dynal, Oslo, Norway) with a tosyl-activated
coating were covalently conjugated to fibronectin.
The solution containing the magnetic beads was
placed on top of a magnet to draw the beads to the
bottom. The storage solution was then removed
by aspiration and the beads washed once in a borate buffer solution with a pH of 9.4. Fibronectin
was added (15 μ g/107 beads) and the solution
was gently agitated for 10 minutes at 37o C. BSA
was added until its concentration was 0.1%, and
the entire mixture was agitated for 48 hours at
37o C. The beads were washed three times with
0.1% BSA in PBS, and once with Tris buffer with
0.1% BSA (pH 8.5). Prior to use, the beads were
mixed in 1% BSA in PBS for 5 minutes, and resuspended in media.
2.5 Optical tweezer setup
The optical tweezers instrument (Figure 1) is
based on a custom fitted DIC inverted microscope and employs a 975 nm light source (Corning Lasertron, Bedford, MA) as the trapping laser.
Similar to previous designs (29, 30), trapping capabilities were achieved by guiding the trapping
laser into the microscope objective (Nikon, 100X
Plan Apo, 1.4NA) via a dichroic mirror positioned
directly underneath the objective that reflects only
near infrared light. In this design, double-trap capabilities were achieved by splitting and recombining the main laser line with two polarizing
beam-slitting cubes (CVI). The amount of power
delivered to each trap was controlled with a halfwaveplate. High efficiency trapping was ensured
by adjusting the laser diameter to a size comparable to that of the objective pupil. All bright field
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Figure 2: A magnetic bead is precisely positioned by optical tweezers on the leading edge of a teardrop
patterned cell. The picture on the right shows how marking of the gold substrate by burning allows for ready
identification of the cell in subsequent experiments.
imaging was done on a CCD camera.
Beads were initially placed on and bound to the
cells (Figure 2) by holding the beads for approximately 15 minutes with a power of 1mW. Laser
powers were measured before the beam entered

Figure 1: Optical tweezers schematic. M = mirror, PBS = polarizing beam splitter, S = shutter,
WP = half-waveplate. Two optical traps were
formed by splitting and recombining a 975 nm
laser line and guided them into the objective with
a dichroic mirror. One of the traps was formed
with low power, ∼ 5 mW, and was used to trap
superparamagnetic beads and position them on
specified surface or cellular locations. After the
beads were immobilized on cells, the other trap
was formed with high laser power, > 55 mW, and
was used to mark the substrate around the cell of
interest for later identification and manipulation
with magnetic tweezers.

the microscope. After binding the beads to the appropriate cell region, a box around the cell of interest was drawn for later identification (and bead
manipulation with magnetic tweezers) by burning
the gold surface with at least 55 mW of power. To
calibrate the trap stiffness, the microscope stage
was manually moved at a constant velocity, as
confirmed by an independent laser-based stage
position senor, and bead displacements from the
center of the optical trap were monitored using a
custom particle-tracking program (31). In addition to optical losses through the objective, the
gold and titanium-coated plate was observed to
only transmit approximately 15 % of the laser
light. The optical trap was calibrated by using
the Stokes drag method (32) and the stiffness of
the trap was calculated to be approximately 0.28
fN/nm for 4.5 micron superparamagnetic beads at
4mW of power.
2.6 Magnetic trap setup
2.6.1 General principles of a single pole magnetic trap
A single pole magnetic trap was developed by
Bausch, et al in 1998 (33) and has the advantage
over other techniques of being able to exert nanoNewton level forces on 4.5 micron paramagnetic
beads. These high forces permit cytoskeleton deformation in cells such as fibroblasts with elastic
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moduli on the order of 103 − 104 Pa. The trap is
an electromagnet that generates a magnetic field
exerting a constant force F on a paramagnetic object:



F = 1 μ0 ∇ m · H
(1)
2
whereμ0 is the permeability constant, m is the
 is the extermagnetization of the particle, and H
nal magnetic field strength. Generally paramagnetic as opposed to ferromagnetic beads are chosen as they are only magnetized when the magnetic field is turned on and so they do not aggregate (Bausch 1999). The beads are coated with
fibronectin which allows them to be indirectly attached to the actin cortex via integrin receptors
on the cell membrane. By varying the current
through the electromagnet, the amount of force
applied to the bead may be controlled.
The magnetic trap (Figure 3) was constructed following the design of Huang, et. al (34) which
modified Bausch’s design using finite element
simulations to maximize the force level. A ferromagnetic CMI-C rod (Cold Metal Products Inc)
was machined and heat treated to improve its
magnetic properties (35). The trap was wrapped
approximately 550 times with 21 gauge copper
wire which was sealed in epoxy.
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of the bead over time in response to a step force
was recorded to determine the effective stiffness
of a cell. To calibrate the trap, a force was applied
to a magnetic bead in a solution of known viscosity (12,500 censtistokes) (polydimethylsiloxane) (Sigma Aldrich, St. Louis, MO). The force
increases exponentially as the distance from the
bead to the tip decreases (36). Images were
recorded at 30 fps using a CMOS camera (Silicon Imaging, Costa Mesa, CA). The steady state
velocity of the bead was found by measuring the
displacement over time using a custom particletracking program described previously (31) written in Matlab (Mathworks, Natick, MA).
For experiments in the cell, the tip of the magnetic
trap was placed in the same focal plane as the
bead. Cells were kept at 37 o C through the use of
both a temperature-controlled stage (Delta TC3,
Bioptechs, Butler, PA), and an objective heater
(Bioptechs, Butler, PA). For each experiment, a
5-second step-forcing function of approximately
20 nN of force was applied.
3 Results and Discussion
3.1 Demonstration of Spatial Positioning using the Optical-Magnetic Rheometer
Since their initial demonstration, optical tweezers have been widely adopted to noninvasively explore the effects of mechanical forces on biological systems at the molecular and cellular length
scales. In particular, optical tweezers have been
used to study the mechanics of DNA and cellular
membranes, the processivity of molecular motors,
protein unfolding, and the strength of receptorligand interactions (37-42). Other applications include the manipulation of individual viruses, bacteria, organelles, and even complete cells. (43)

Figure 3: Magnetic trap schematic

A computer-controlled current applied through
the coil generated a magnetic field that exerts
force on the magnetic beads. The displacement

Stable trapping is commonly achieved by using
a high numerical aperture objective to tightly focus an infrared laser beam. The interaction of the
focused beam with freely diffusing particles gives
rise to two forces: a scattering force and a gradient
or restoring force. The scattering force is destabilizing and pushes objects along the direction of
the incident light, while the gradient force, resulting from refraction, pulls particles toward the high
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intensity focus of the laser beam. The stability
of the trapping phenomenon hinges on the dominance of the restoring force over the scattering
force (44)
Optical tweezers can trap small dielectric microspheres approximately 1 micron in diameter with
exquisite force and position resolution, typically
on the order of picoNewtons and nanometers, respectively. Although commonly used to exert
forces on the order of 10 pN, they have been
shown capable of applying loads of up to 100
pN in particular arrangements (45, 46). These
force levels are suitable for many applications,
but, unfortunately, they have proven insufficient
to appropriately study the full range of cellular rheological properties. We therefore combine
the trapping capabilities of optical tweezers with
the high-force capabilities of magnetic tweezers
probe the rheological properties of some cells.
Several reports have demonstrated optical tweezers capable of trapping metallic beads. A particular study found that Rayleigh size gold particles
(36 nm) are trapped stronger than similarly sized
latex particles (32). The dominance of the gradient force for these particles was attributed to
the larger polarizability of metals; however, unfavorable force balances are expected for particles larger than 40 nm (32). This result is at
odds with a later report stating that superparamagnetic and polystyrene beads with 2.6 μ m diameters can be optically trapped with the same
force (18, 19). This study featured a magnetooptic trap in which a custom magnetic manipulator was built around a water-immersion objective
to rotate optically-trapped superparamagnetic particles. Similar magneto-optical tweezers arrangements have also been developed, with a particular
design used to intertwist two DNA molecules attached to a paramagnetic bead (47) and another to
measure liquid-crystal-mediated forces between
spherical superparamagnetic beads (48). Here we
develop technology to combine the trapping capabilities of optical traps with the high-force exerting capabilities of magnetic tweezers. In Figure 4 we demonstrate the trapping and positioning capability of our optical tweezers for 4.5 micron diameter superparamagnetic beads in a pre-
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determined pattern (MIT). We then use both of
these instruments to precisely trap and position
superparamagnetic beads on different locations of
adherent cells. After endocytosis, we use magnetic tweezers to probe the location-dependent
rheological microenvironment of the cells.

Figure 4: 4.5 micron diameter superparamagnetic
beads precisely positioned to read MIT on a gold
surface using optical tweezers.

3.2 Quantification of intracellular rheological
variations
Fibronectin coated magnetic beads were optically
trapped and brought into contact with the cell at
the desired location until the bead adhered to the
membrane. The cells were then put back in the
incubator overnight to let the beads endocytose.
Regions of the cell (Figure 6a) rather than specific
locations were defined as once the beads were
endocytosed the cell tended to internally transport the bead slightly away from where it initially
bound. Nonetheless, the beads tend to remain
close to where they are placed within the time
scale of our experiment.
The internalization of the beads was confirmed after 12 hours using confocal microscopy (Figure
5). This is an important result because bead internalization eliminated the effect of bead rolling
which occurs when beads are exclusively attached
to the cell membrane (22). This situation has been
shown to contribute to a large source of error for
this class of magnetic based rheometers (22).
Once beads were internalized they were pulled
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Figure 5: Demonstration that beads are internalized on teardrop micropatterns. Cells were
stained with the celltracker green. Beads were allowed to internalize for 12 hours after which confocal images were taken and 3D reconstruction
was performed. The view on the right represents a
side view (vertical cut) and the view on the bottom
represents another side view (horizontal cut). The
crosshair is positioned on one bead. This bead is
seen in the orthogonal views as linked by the cross
hair.

upon with 20 nN ± 1 nN of force for five seconds. To avoid contamination and cell morbidity, cells were only outside the incubator for a
maximum of thirty minutes. In the actual experiments, contrary to the picture shown in Figure
5, only one bead per cell was placed to avoid the
effects of bead-bead interactions. Each cell resulted in one data point. The bead displacement
as a function of time was recorded and an analytical expression was obtained by curve fitting
to a Voigt model in series with a dashpot. The
regional shear modulus was calculated as previously described (See companion paper, (17) and
(49)) by assuming a bead embedded in a linear, infinite, isotropic, viscoelastic medium where x(ω )
is the bead displacement in the frequency domain
is f (ω ) is the applied force in the frequency do-

.%/

./
Figure 6: (a) Schematic of cell with different regions defined. The teardrop is 103 microns long
and 30 microns in diameter at the widest part (b)
Shear modulus at different locations of the cell. n
= 5 for each case per cell. Error bars represent
the standard error of the mean. (c) F-actin volume
fraction (fraction of space occupied by actin) at
different locations of the cell.
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bead.

main.
G∗ ( ω ) =
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f (ω )
6π Rx(ω )

(2)

Despite the close presence of the cell boundary
(Figure 5), these assumptions that a bead is embedded in a linear, infinite, isotropic, viscoelastic medium are widely assumed in all bead based
rheological calculations as there exists at present
no analytic expression which takes into account
the boundary conditions for the calculation of the
shear modulus. A versatile, precise, and efficient
finite element method to account for such complicated boundary conditions has yet to be developed. As current rheological methods are unable to separate out the contributions of the membrane from the cytoskeleton, we view the shear
modulus taken from this calculation as a lumped
modulus which takes into account all contributions. Briefly, as shown in equation (2) the Fourier
transform of the step force was taken and divided by the Fourier transform of the analytic expression for the bead displacement to calculate
the frequency dependent complex shear modulus
G ∗ (ω ). The real part of (2) was taken and evaluated at 0.05 Hz to obtain a single value for the
shear modulus. The value 0.05 Hz was chosen to
be much longer than the relaxation time of the cell
which was found to be ∼ 1 s (See (17)).
The resulting shear modulus at the leading edge
was found to be a factor of ∼1.9 stiffer than the
trailing edge and a factor of ∼2.4 stiffer than
the nucleus (Figure 6b). Earlier experiments performed on cells adhered to micropatterned islands
of increasing size found that their shear modulus was biphasic with pattern diameter while
cell height was monotonic (See companion paper, (17)). From this we conclude that cell height
while potentially a contributor is not the determining factor of cellular shear modulus. The result
that the nucleus is softer than the leading edge
qualitatively confirms AFM results by Haga and
coworkers with the exception being that AFM results report that the nucleus is a factor of 10 softer
than surrounding regions. We attribute this difference in part to the fact that the AFM probes the
surface whereas the optical-magnetic trap probes
the interior of the cell surrounding an endocytosed

Our results is consistent with previous AFM surface measurements, (1, 25) that adherent cells
are mechanically differentiated in their different regions. Work by Kole et al, 2004, has
demonstrated using intracellular microrheology
that the leading edge of Swiss 3T3 fibroblasts is
stiffer than the perinuclear region. We observe
in addition to the differences in stiffness between
the leading and trailing edge, that the nuclei of
NIH3T3 fibroblast cells are softer than the surrounding cytoplasm by a factor of ∼2.4. Our values for the Young’s modulus at the leading edge
are on the order of 1000 Pa which agrees with the
modulus needed by the Brownian ratchet model to
predict the forces generated from the polymerization of actin filaments in the lamellipodia (5). In
addition our work demonstrates that a cell posed
for migration is softer than a quiescently resting
cell (stiffness values determined in companion paper, (17)) demonstrating the mechanical properties change upon the onset of migration. These
results contradict with results by Kole et al, 2004,
who obtained Young’s moduli on the order of
10 Pa in contraction with the Brownian ratchet
model and whose stiffness results for quiescent
cells were larger than for migrating cells.
3.3 Quantification of F-actin structural parameters
We hypothesize that the change in shear modulus occurs as a result of changes in the volume fraction of polymerized actin. To quantify
the amount of F-actin in the cell, teardrop patterned cells were fixed and their F-actin stained
with AlexaFluor488-Phalloidin. Two dimensional slices were taken using a spinning disk
confocal microscope (Perkin Elmer Ultraview,
Wellesley, MA), spanning every 100 nm and the
resulting three-dimensional image stack deconvolved using Huygens Essential software to remove the out- of-focus light. A 100x Plan Apo
Nikon objective with a numerical aperture of 1.45
was used for imaging. The images were background subtracted and a consistent threshold applied to determine the presence of actin. To calibrate fluorescent intensity with a value for the
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Figure 7: 3D reconstruction of the actin distribution inside a teardrop patterned cell. The
black represents stress fibers which appear more
densely around the edges of the cell. Image was
created using Imaris software (Bitplane AG, St.
Paul, MN).

amount of actin present in each region of the cell,
a solution containing a known concentration of
actin which was labeled in the same manner as
the cells was used (See companion paper, (17)).
To get a measure of the volume fraction of actin
within each region, the volume of the largest rectangle that could be inscribed in each region was
used. The resulting F-actin volume fraction data
along with the corresponding Young’s modulus
from the magnetic trap data (Figure 8) was superimposed on a non-linear curve fit (Mathematica, Experimental Data Analyst) of the data previously obtained from cells on five different sized
circular islands (companion paper, (17)) on an exponent of 5/2 and 2. The choice of exponents
for the non-linear curve fit was based on the biophysical polymer model developed by Mackintosh and coworkers (50) which predicts a 5/2 dependence of the Young’s modulus on actin volume fraction and the cellular solids model developed by Satcher and Dewey (51) which predicts
a quadratic dependence of Young’s modulus on
actin volume fraction. To convert between shear
modulus (G) and Young’s modulus modulus (E)
it was assumed that the cell was incompressible
(E=3G).
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Figure 8: Young’s modulus as a function of actin
volume fraction. The triangles denote the data
from the leading (right side up triangle) and trailing (upside down triangle) edge of the teardrop
shaped cells. The circular () points refer to data
taken from patterned circular cells 10, 20, 30, 40,
and 50 microns in diameter (See companion paper, (17)). The line fits to an exponent dependence of 5/2. For the teardrop patterned cells,
there were 5 stiffness data points taken at each location. For the circular patterned cells there were
20 stiffness measurements taken at each location.
For the actin density measurement, n = 20 for all
cases. Error bars represent the standard error of
the mean.

From Figure 8, the teardrop data appears to fit
with previous the circular patterned data very
well. This data together appears to validate our
hypothesis that polymerized actin density the primary determinant of cell local rheology. The
polymerized actin density alone, to the first order, is sufficient to predict the Young’s modulus
and that the filament orientation seems to play little role in determining the cell stiffness. The investigation of filament orientation by Hu, et al,
2004 (52), seems to indicate that the fiber orientation effect is also secondary. Recently Théry et
al, (53, 54), has investigated the role of adhesion
area anisotropy on fiber orientation, but not on the
resulting rheological dependence. It would be interesting to investigate the effect of filament orientation but substantial improvement on our instrumentation accuracy is needed to delineate the
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effect of filament orientation on cell rheology.
A potential concern of this work relates to the
fact that the leading edge of the cell is substantially thicker (∼ factor of 2 greater) than the trailing edge. One may argue that the differences
in cell rheology measured are due to a different in cell height or the proximity of the membrane to the tracer bead. We would like to assert that cell height and membrane proximity both
play only a secondary role in cell rheology as
compared to polymerized actin density. First, as
demonstrated in our companion paper, cell rheology shows biphasic behavior while cell height is
monotonic. Second, in the companion paper, we
show that the shear modulus of the cell increases
with decreasing cell height (large cell diameter).
In this study, we show that the leading edge of the
cell with large cell height shows a higher shear
modulus than the trailing edge which is thinner.
Finally, the excellent correlation of both cell area
data (companion paper) and region rheology data
of a migrating cell (this paper) with polymerize
actin density reinforces the validity of our hypothesis.
4 Conclusions
We have examined the rheological variations between the leading and trailing edges of a cell
posed for migration by combining the spatial precision of optical tweezers with the high force capabilities of magnetic tweezers. Although it is
known that the cytoskeleton reorganizes for coordinated cellular movement to occur, little is
known about how this reorganization translates
into a mechanical property. It remains unknown
whether a cell softens or stiffens during migration
and a variety of hypotheses exist on how rheological changes result in whole cell movement. Our
study supports the fact that a migrating cell is mechanical differentiated and has demonstrated that
the leading edge of a polarized cell is significantly
stiffer than the trailing edge. We have further
shown that the nucleus is softer than the surrounding cytoplasm and that a cell poised for migration while not actually moving can be softer than
a quiescently resting cell (see companion paper).
In addition, the values we obtain for the Young’s
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modulus at the leading edge are on the order of
1000 Pascals which is the stiffness the Brownian
ratchet model requires to predict the force generated by actin polymerization. This particular finding of ours contradicts with the work of Kole, et
al, 2004 that found the stiffness at the lamellipodia to be on the order of 10 Pascals and which
found that a quiescent cell to be softer than a migrating cell. The variation in stiffness between
the leading and trailing edges correlates with local actin volume fraction measurements with the
dependence of Young’s modulus and actin volume
fraction appearing to agree with either a 5/2 power
law as predicted by the biopolymer physics model
or a quadratic dependence as predicted by the cellular solids model. Micro-mechanical models of
the cell such as the biopolymer physics and cellular solids model provide a molecular level explanation for more global properties such as stiffness.
Our study has also demonstrated that we can apply a combination of optical-magnetic tweezers to
investigate subcellular rheology. We would like
to note that when the beads are internalized the
cell internally transports the bead an additional
amount so at this point the bead location is not
precisely pre-determined, yet this motion appears
to be small. As such, for endocytosed beads, we
define regions of the cell (Figure 6a) rather than
specific locations. With this technique, however,
we are directly studying the cells we select rather
than mixing cells and beads and choosing the ones
available. This reduces randomness and interference due to other beads being present. Nevertheless, since the height of the cell and the bead size
is comparable to the cell thickness, it should be
noted that the underlying theory underlying shear
modulus calculation is not rigorously valid. This
is an inherent limitation with all bead based microrheological techniques and as such our data is
a regional Young’s modulus which includes contributions from the membrane as well as the cytoskeleton. The use of finite element to more precisely determine cellular shear modulus for endocytosed beads is a subject for future investigation
(22).
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